N. A. Yewdall, B. C. Buddingh, W. J. Altenburg, S. B. P. E. Timmermans, D. F. M. Vervoort, L. K. E. A. Abdelmohsen, A. F. Mason, J. C. M. van Hest, *ChemBioChem* **2019**, *20*, 2643.

Introduction {#cbic201900195-sec-0001}
============

The question of what constitutes life and how it came about is an ancient one. In bottom‐up synthetic biology, the search for an answer lies in mimicking the complexity of contemporary life forms by combining biological, organic, and inorganic elements of varying origins to create simple cell mimics with life‐like properties.[1](#cbic201900195-bib-0001){ref-type="ref"} Certain structural facets of living systems---such as compartmentalization and the molecular crowding in the cytosol---have been successfully, but separately, mimicked in different approaches to building synthetic life. In order to replicate such complex and finely tuned living cells, these structural facets must be combined, along with other hallmarks, in a step‐by‐step approach to produce functional life‐like systems: so‐called protocells.

One such facet of living systems is the crowded internal environments within cells, where up to 30 % of the intracellular volume is occupied by biomolecules.[2](#cbic201900195-bib-0002){ref-type="ref"} Crowdedness has been reported to induce the organization of codependent molecules and can be a protection mechanism used by cells under stress conditions.[3](#cbic201900195-bib-0003){ref-type="ref"} In recent years, these crowded environments have been mimicked in bottom‐up platforms through the use of condensed polymer phases,[4](#cbic201900195-bib-0004){ref-type="ref"} in which oppositely charged polyelectrolytes condense into a polymer‐rich phase due to their mutual electrostatic interactions. This process is called complex coacervation. The formation of a coacervate phase has been demonstrated with a variety of polyionic molecules, most notably with use of cationic peptides or unnatural polymers in combination with nucleotides,[5](#cbic201900195-bib-0005){ref-type="ref"} RNA,[4b](#cbic201900195-bib-0004b){ref-type="ref"}, [6](#cbic201900195-bib-0006){ref-type="ref"} or fatty acids,[7](#cbic201900195-bib-0007){ref-type="ref"} or with use of elastin‐like polypeptides.[8](#cbic201900195-bib-0008){ref-type="ref"} In addition, complex coacervates can readily be loaded with a wide range of cargos, including proteins, nucleic acids, and metabolites, and have been shown to support various cell‐like processes such as RNA folding and ribosomal activity,[9](#cbic201900195-bib-0009){ref-type="ref"} transcription and translation,[10](#cbic201900195-bib-0010){ref-type="ref"} and dissipative self‐assembly of cytoskeletal proteins.[11](#cbic201900195-bib-0011){ref-type="ref"} This makes complex coacervates ideal mimics both for the liquid organelles that perform specialized functions in the cell, such as nucleoli,[3b](#cbic201900195-bib-0003b){ref-type="ref"} and for the cell cytosol.[4](#cbic201900195-bib-0004){ref-type="ref"}

Despite these important benefits that coacervates offer as cell mimics, their use as protocells is severely hindered by the absence of physical stabilization imparted by a membrane. In contrast, the commonly used membrane‐bound cell mimics, such as liposomes and polymersomes, do profit from the mechanical stability offered by their membranes. However, they are internally unstructured and do not offer the crowded environments that are present inside cells and that coacervates mimic more closely. Combining the internal structure offered by coacervates and the stabilization provided by membrane‐bound structures would yield compartments superbly suited to mimicking cellular physicochemical properties. For complex coacervates, only a few existing strategies have been reported for membranization and subsequent stabilization of coacervate microdroplets to allow their use in longer‐term, more physically demanding experiments.[4b](#cbic201900195-bib-0004b){ref-type="ref"}, [6b](#cbic201900195-bib-0006b){ref-type="ref"}, [12](#cbic201900195-bib-0012){ref-type="ref"}

We recently described a solution to this problem, utilizing a block terpolymer to stabilize complex coacervate microdroplets.[13](#cbic201900195-bib-0013){ref-type="ref"} In this process, coacervation is started by mixing positively charged amylose (modified with a quaternary amine, Q‐Am) with negatively charged amylose (modified with a carboxymethyl group, CM‐Am). A carefully designed block terpolymer---poly(ethylene glycol)‐*b*‐poly(caprolactone‐*gradient*‐trimethylene carbonate)‐*block*‐poly(glutamic acid) (PEG‐PCL*g*TMC‐PGA)---is subsequently introduced; because of electrostatic interactions this self‐assembles on the surfaces of nascent coacervate droplets and stabilizes them against coalescence.

Our platform combines both structural facets found in living systems: a crowded cytosol capable of encapsulating bio‐macromolecules, as well as a semipermeable membrane that permits chemical communication between cargo and the outside world. However, some fundamental physicochemical parameters of our coacervate system remain unexplored: the extent to which cytosolic mimicry is imparted by the coacervates, the selective uptake of cargo into the polymer‐dense phase, and the membrane structure and permeability, for example, are yet to be fully characterized.

Here we first explored the tunable uptake of protein cargos into the coacervates. This is based on electrostatic interactions and so provides an insight into the uptake mechanism. Next, the structure of the stabilizing terpolymer membrane was clarified, and the functional consequences of this structure for its permeability towards a range of molecules with different charges and molecular weights were determined. We then characterized the ability of the coacervate interior to mimic the crowded and buffered cytosol by probing both the diffusion of fluorescent cargos, with the aid of fluorescence recovery after photobleaching (FRAP), and the pH response to externally added acid/base. Finally, our characterization of this protocell platform enabled the study of an enzymatic reaction within the coacervate phase; this revealed Michaelis--Menten parameters consistent with enzymatic reactions occurring in crowded environments. We thus describe a coacervate protocell that incorporates multiple facets of living systems, thus making it a unique platform on which additional cell‐like functionalities can readily be incorporated and bringing us one step closer to mimicking life itself.

Results and Discussion {#cbic201900195-sec-0002}
======================

Programmable protein uptake through tuning of electrostatic interactions {#cbic201900195-sec-0003}
------------------------------------------------------------------------

Coacervate systems have been reported to sequester a wide range of biomolecules spontaneously, with reported partitioning coefficients of up to ∼10 000.[14](#cbic201900195-bib-0014){ref-type="ref"} This strong uptake of molecules into complex coacervates is largely driven by electrostatic interactions,[4a](#cbic201900195-bib-0004a){ref-type="ref"}, [14](#cbic201900195-bib-0014){ref-type="ref"} although other factors, such as protein conformation or persistence length, also influence the partitioning. Thanks to its negatively charged backbone, for example, RNA is generally taken up effectively.[9](#cbic201900195-bib-0009){ref-type="ref"}, [14](#cbic201900195-bib-0014){ref-type="ref"}, [15](#cbic201900195-bib-0015){ref-type="ref"}

Uptake of proteins is less clear‐cut, however, because their charges at neutral pH differ, and both hydrophobic and conformational effects play larger roles than in the case of polynucleotides. To investigate the effect of charge on protein uptake into our coacervates, three variants of GFP with increasing isoelectric points---GFP(−30), GFP(−8), and GFP(+36)---were recombinantly expressed and purified (Figures S2--S4 in the Supporting Information).[16](#cbic201900195-bib-0016){ref-type="ref"} Protein uptake was studied by mixing the Q‐Am and the CM‐Am with each of the GFP mutants, followed by the addition of terpolymer to stabilize the coacervate protocells for analysis by confocal laser‐scanning microscopy. Charge‐dependent partitioning of GFP into the coacervate phase was observed, with strong uptake of GFP(−30) into the coacervate interior, as opposed to the exclusion of GFP(−8) (Figure [1](#cbic201900195-fig-0001){ref-type="fig"} A). The heterogeneous distribution of GFP(+36) is likely due to this protein aggregating, because the salt concentrations of the phosphate‐buffered saline (PBS) used in these experiments were too low (\<600 m[m]{.smallcaps} salt) to maintain protein stability.[16b](#cbic201900195-bib-0016b){ref-type="ref"} Taken together, these observations support the hypothesis that electrostatic interactions constitute an important factor in the uptake of folded proteins into the coacervate phase, and that these can to an extent be controlled by the total charge on the protein.

![The uptake of proteins into the coacervates is charge‐driven. A) The net charges on three GFP mutants dictate their uptake into coacervates formed from 2:1 Q‐Am/CM‐Am (*DS* ~Q~=*DS* ~CM~=0.8). The contrast for GFP(−8) has been increased to compensate for very low fluorescence from the polymer‐poor phase. B) The uptake of negatively charged GFP(−30) is dependent on the ratio of Q‐Am to CM‐Am. The normalized GFP fluorescence of the coacervate phase is indicated for each set of conditions. Scale bar: 5 μm.](CBIC-20-2643-g001){#cbic201900195-fig-0001}

To study whether protein partitioning can also be controlled by tuning the net charge of the coacervate phase, the uptake of GFP(−30) was studied for several charge balances. The charge balance in the coacervates can be tuned by varying the ratio of the positively charged Q‐Am and negatively charged CM‐Am. Our standard protocol for coacervate formation uses an excess of positive charge on the amylose chains (Q‐Am/CM‐Am=2:1, with *DS* ~Q~=2, *DS* ~CM~=1; see the Experimental Section), but here we used a Q‐Am and a CM‐Am with a similar number of ionizable groups per chain (*DS*=0.8). This was done to exclude any effects attributable to charge density on the amylose and to focus on the effect of charge ratio.

Coacervate formation was successful for Q/CM ratios in the range from 1:1 to 3:1. At ratios below 1:1, coacervation did not occur, indicating a preference for an excess of positively charged polymer (Table S1). At a neutral charge balance (Q/CM 1:1), GFP(−30) uptake was negligible, whereas an excess of positively charged amylose clearly increased the partitioning of the GFP into the coacervate phase (Figure [1](#cbic201900195-fig-0001){ref-type="fig"} B). However, GFP(−8) was excluded from the coacervate at all charge balances (Figure S5), thus indicating that some proteins are not sufficiently negatively charged to be taken up at all. As demonstrated previously, however, proteins can be endowed with sufficient negative charge by converting basic amino acids on the surface of the protein into negative hemisuccinate groups.[13](#cbic201900195-bib-0013){ref-type="ref"}

In summary, these experiments demonstrate that cargo loading into the coacervate protocells can be programmed both by tuning the charge balance of the coacervate phase and by considering the charge density of the cargo.

Terpolymer membrane structure and permeability {#cbic201900195-sec-0004}
----------------------------------------------

One of the most important aspects of a protocell is compartmentalization---a physical interface separating internal environments from the outside world.[1a](#cbic201900195-bib-0001a){ref-type="ref"}, [13](#cbic201900195-bib-0013){ref-type="ref"}, [17](#cbic201900195-bib-0017){ref-type="ref"} Although our previous initial report on this system demonstrated the unique ability of the PEG‐PCL*g*TMC‐PGA terpolymer to form stable and discrete populations of protocells,[13](#cbic201900195-bib-0013){ref-type="ref"} little was known about the precise molecular arrangement of molecules at the interface, nor about its permeability characteristics. It is hypothesized that the molecular structure is a monolayer, with the negatively charged glutamic acid block facing inwards, interacting electrostatically with the predominantly positively charged coacervate core (Figure [2](#cbic201900195-fig-0002){ref-type="fig"} A). This is due to the fact that, without the PGA block, self‐assembly of the polymer on the membrane and subsequent stabilization did not occur (Figure S6).

![Detailed characterization of the stabilizing terpolymer membrane. A) Chemical structure of the terpolymer. B) A 3D representation of the hypothesized structural organization at the protocell interface, with terpolymer molecules aligned in a monolayer with the glutamic acid block (light blue) interacting with the coacervate core and the PEG block (green) oriented into the solution. C) Confocal micrograph of a single terpolymer‐stabilized coacervate protocell, with Nile Red indicating the membrane. D) Gaussian fit of polymer lengths dissolved in THF as determined by multi‐angle light scattering measurements. E) TEM analysis of a single coacervate protocell prepared by microtomy. F) Zoomed region of a different protocell.](CBIC-20-2643-g002){#cbic201900195-fig-0002}

The terpolymer membrane was rapidly and easily visualized in solution by using the fluorophore Nile Red, which fluoresces in hydrophobic environments. However, although this analysis indicated that the membrane was uniform over the entire protocell surface (Figure S7), the measured thickness of (470±150) nm was orders of magnitude too large to correspond to a monolayer (Figure [2](#cbic201900195-fig-0002){ref-type="fig"} C); this overestimation is due to the diffraction‐limited nature of traditional light microscopy.

To investigate the membrane structure further, a multi‐angle light scattering (MALS) experiment of the terpolymer was performed, providing information on the polymer length in tetrahydrofuran (THF), a plasticizing solvent. This analysis indicated that the modal polymer length was (16.4±2.4) nm (Figure [2](#cbic201900195-fig-0002){ref-type="fig"} D).

In order to confirm the monolayered membrane structure, and to rule out multilayered, aggregated, or pickering emulsion conformations of the terpolymer, ultrathin sections of chemically fixed coacervate protocells were prepared by microtomy and imaged under a transmission electron microscope after negative staining. These images (Figure [2](#cbic201900195-fig-0002){ref-type="fig"} E) clearly show a continuous region of high contrast at the interface of each protocell, corresponding to the terpolymer membrane. The aspherical and folded nature of the protocells in the transmission electron micrographs is an artifact of sample preparation. The measured thickness of this interfacial region is (18.7±2.5) nm; this correlates closely with the MALS data, and confirms the hypothesized monolayered arrangement of terpolymer molecules on the surfaces of the coacervate microdroplets. These structural investigations frame the following permeability experiments, because the monolayered structure of the membrane should be more permeable to molecules than other, bilayer membranes.

To function as a catalytically active cell mimic, the coacervates need to be able to exchange molecular cargo, such as substrates and cofactors, with their environment. Previously, certain uncharged or weakly charged substrates, such as hydrogen peroxide, glucose, and Amplex Red (AR), had been indirectly observed to diffuse through the terpolymer membrane.[13](#cbic201900195-bib-0013){ref-type="ref"} To study this permeability towards a range of small molecules with varying net charges at physiological pH (see Figures S8 and S9 for full structural formulas), stabilized protocells with no cargo were first formed, followed by the addition of a small fluorescent molecule (molecular weight \<1000 g mol^−1^). A fourfold excess of positive charge on the amylose was used, so a strong partitioning of polyanionic fluorophores was expected. It was indeed observed (Figure [3](#cbic201900195-fig-0003){ref-type="fig"}), with uptake showing a charge dependency in which higher anionic charge density promoted partitioning into the coacervate. Other physicochemical properties, such as hydrophobicity or hydrogen bonding, might account for the small differences in partitioning for molecules of similar net charge.

![The uptake of small molecules into the coacervates is dominated by electrostatic interactions. A) Confocal micrographs of the partitioning of ionic low‐molecular‐weight fluorophores of different net charges into coacervates. Scale bar: 5 μm. B) Molecular properties of the fluorophores in A). The charge states of the molecules are estimated for physiological pH. CF: carboxyfluorescein. SRB: sulforhodamine B. C) The uptake of low‐molecular‐weight fluorophores into the coacervates as a function of the net charge at physiological pH. Averaged partitioning coefficients for the fluorophores in A), excluding those that preferentially partition into the membrane (rhodamine B, Crystal Violet, and rhodamine 6G). Exact values can be found in Figure S8.](CBIC-20-2643-g003){#cbic201900195-fig-0003}

Interestingly, positively charged or zwitterionic molecules showed two types of behavior: they either partitioned weakly into the coacervate or were localized to the periphery of the coacervate phase. We attribute this localization to a combination of electrostatic interactions with the polyglutamate block of the terpolymer, which is anchored in the coacervate phase, and also, possibly, hydrophobic interactions with the PCL*g*TMC block. The possible association of cationic species with the terpolymer is supported by the observation that cationic molecules, when mixed with unstabilized coacervates, were not sequestered at the interface but partitioned inside the coacervate phase (Figure S10).

These findings show that the partitioning and localization of small molecules is dependent on the charge and other chemical properties of the molecule. This has important implications for implementing biochemical reactions inside coacervates.

In addition to permeability towards small molecules, we were interested in investigating the molecular weight cut‐off for our semipermeable terpolymer membrane assembled on the coacervate surface, because the controlled translocation of functional macromolecules such as DNA, polypeptides, and fully folded enzymes across membranes is an important characteristic for future mimicking of protocellular applications. In order to determine the molecular weight at which a molecule is too large readily to permeate the membrane, stabilized protocells with no cargo were first formed, followed by the addition of a fluorescently labeled macromolecule. Confocal microscopy was then used to determine the fates of these externally added macromolecules (Figure [4](#cbic201900195-fig-0004){ref-type="fig"}).

![The permeability of the terpolymer membrane to macromolecules is predominantly dependent on their charge densities. Macromolecules with high negative charge---A) succinylated BSA, B) single stranded DNA with 13 base pairs, and C) single stranded DNA with 27 base pairs---are sequestered immediately despite their large size, similarly to small, neutral compounds such as D) 4 kDa dextran. Macromolecules with lower negative charge density, such as E) non‐succinylated BSA, and F) sfGFP, are excluded. Large, neutral molecules such as the 70‐kDa dextran are G) initially excluded, but H) slowly permeate the membrane. The protocells imaged in G) and H) are not the same particle; hence the small size difference. Scale bar: 5 μm.](CBIC-20-2643-g004){#cbic201900195-fig-0004}

Interestingly, the permeability of the membrane is independent of size, and depends more strongly on the charge on the macromolecule, thus supporting our observations made in the case of small molecules. For negatively and neutrally charged species, the rate of membrane translocation is influenced by the density of charge, because even a large macromolecule, such as 70 kDa dextran, is attracted to the coacervate interior through the terpolymer membrane. This is likely due to the fact that the PCL*g*TMC hydrophobic block is relatively thin for a polymeric membrane, and in addition is highly disordered, with a glass transition temperature below 0 °C. This results in a membrane that is highly mobile and easily penetrated by species that experience an attractive force to the coacervate core. Such high permeability, even to macromolecules, is likely due to this explanation rather than to a patchy or incomplete membrane, because experiments show that, even with a large excess of added terpolymer, succinylated BSA can still cross the membrane (Figure S11). In addition, when the terpolymer is added in excess, increased amounts of unstructured hydrophobic aggregates are observed, thus suggesting that the interface is saturated under normal formation conditions. These findings demonstrate the strong sequestration potential of the coacervate, and that the terpolymer membrane, in its current form, is vital only for the structural integrity of the coacervate protocell itself and has a limited role in permeability. Together with the small‐molecule permeability data, we observe that the terpolymer membrane is both non‐selective and readily permeable. It also imparts spatial organization on small positively charged or zwitterionic species, which can become localized at the coacervate periphery. Importantly, the terpolymer membrane enables our system to maintain an open environment for the easy exchange of molecules---which is a feature that limits many liposomal systems. As the coacervate protocell is a modular and modifiable system, these findings should enable us to design next‐generation membranes with programmed permeability. For example, it should be feasible to reliably functionalize the internal or external face of the membrane, or to take advantage of the monolayered structure to insert membrane‐bound proteins to add biomimetic functionality to this protocellular platform.

Coacervate interior as crowded and buffered cytosol mimic {#cbic201900195-sec-0005}
---------------------------------------------------------

Although coacervates have been touted as mimics of the crowdedness in the cellular cytosol,[1b](#cbic201900195-bib-0001b){ref-type="ref"} the specific characteristics of macromolecular diffusion and pH are rarely interrogated for each particular system. Here we have studied the diffusion of biomolecules inside the terpolymer‐stabilized coacervates by using fluorescence recovery after photobleaching (FRAP) experiments. The coacervates were loaded with three different biomolecules: fluorescein isothiocyanate (FITC)‐labeled dextran, a negatively charged green fluorescent protein (GFP) variant \[GFP(−30)\], or succinylated bovine serum albumin (BSA) labeled with Alexa488 dye. These negatively charged biomolecules have molecular weights of 4, ≈29, and ≈66 kDa, respectively.

Clear differences in fluorescence recovery between the different protocell populations containing each of the biomolecules were observed (Figure [5](#cbic201900195-fig-0005){ref-type="fig"} A). Fitting the time‐dependent fluorescence recovery in the bleached area (Figure [5](#cbic201900195-fig-0005){ref-type="fig"} B) enabled the apparent diffusion constants (*D* ~app~) to be calculated; which were (0.46±0.04), (0.39±0.03), and (0.10±0.01) μm^2^ s^−1^ for the dextran, GFP(−30), and succinylated BSA, respectively. The *D* ~app~ values for these biomolecules are one order of magnitude lower than those measured for similar molecules in bacterial cells.[18](#cbic201900195-bib-0018){ref-type="ref"} However, the decrease in *D* ~app~ with increasing molecular weight that we observed here was also reported for proteins of similar molecular weights inside *Escherichia coli* cells;[18b](#cbic201900195-bib-0018b){ref-type="ref"} this is to be expected because larger macromolecules will inevitably diffuse more slowly. The apparent diffusion of bio‐macromolecules in free solution[19](#cbic201900195-bib-0019){ref-type="ref"} is at least two orders of magnitude higher than our measured values, thereby establishing our system as a closer approximation to the cellular cytosol than traditional protocell models such as liposomes or polymersomes, in which encapsulated bio‐macromolecules essentially experience a solvent environment unchanged in relation to the bulk.

![FRAP experiments undertaken to determine the diffusion characteristics of macromolecular cargos in coacervate protocells. A) Representative confocal images indicating fluorescence recovery due to diffusion of cargo \[variously fluorescein‐labeled 4 kDa dextran, GFP(−30) (a negatively charged variant of GFP), or an Alexa488‐labeled succinylated BSA\] within the protocell core over time. B) The relative fluorescence recovery of dextran (▪), GFP(−30) (▪), and BSA (▪), over time as determined by FRAP analysis. The errors are estimated from three separate measurements.](CBIC-20-2643-g005){#cbic201900195-fig-0005}

Biochemical interactions are often dictated and influenced by the pH of a solution, so pH within the protocell is a vital parameter to monitor. In nature, the pH of the cytosol is tightly controlled and is typically 7.2 in mammalian cells[20](#cbic201900195-bib-0020){ref-type="ref"} and from 7.2 to 7.8 in *E. coli* cells,[21](#cbic201900195-bib-0021){ref-type="ref"} depending on the external environment of the cell and whether or not it is proliferating.

A micro pH probe was used to measure the pH of a 2:1 Q‐Am/CM‐Am coacervate phase, which is a representative environment as found in coacervate microdroplets. The pH of the polymer‐rich phase after formation in PBS was 7.3. This is slightly more acidic than the value measured for neat PBS, a variation likely attributable to the change in hydrogen ion activity in the highly charged and viscous coacervate phase.

Another important characteristic of the cytosol is its buffering capacity and resistance to external changes in pH.[22](#cbic201900195-bib-0022){ref-type="ref"} This was investigated by measuring the coacervate pH in response to added acid or base in comparison with neat PBS (Figure [6](#cbic201900195-fig-0006){ref-type="fig"}). The internal coacervate pH largely follows the behavior of neat PBS, with a slightly worse buffering capacity under acidic conditions and a significantly better buffering capacity under alkaline conditions. This can be explained in terms of the chemical structures of the functional groups within the complex coacervate droplets. The quaternary amine group of Q‐Am is non‐ionizable in the pH range examined and thus has no capacity to react with any added H^+^ ions. This is in contrast to the carboxylic acid moiety on CM‐Am, which is able to react with added OH^−^ ions. It should be noted that the pH values of the polymer‐rich and ‐poor phases were roughly the same throughout the titration experiments, within 0.05 pH units. Furthermore, the buffering capacity of this system makes it attractive for the incorporation of chemical reactions that are sensitive to changes in pH. However, it should be noted that the buffering capacity of this system is finite, in contrast to those of living cells, which employ an array of both active and passive processes to maintain cytosolic pH.

![The buffering capacity of the complex coacervate phase utilized in this protocellular system. The pH was determined by using a micro pH meter. The *x*‐axis represents the amount of acid or base added to the system from a 1 [m]{.smallcaps} stock solution (1 μL of 1 [m]{.smallcaps} stock is 1 μmol).](CBIC-20-2643-g006){#cbic201900195-fig-0006}

Coacervates as platforms for study of enzyme kinetics in cell‐like environs {#cbic201900195-sec-0006}
---------------------------------------------------------------------------

Living systems are characterized by extraordinary numbers of concurrent enzymatic reactions occurring in compartmentalized and crowded microenvironments, a characteristic that bottom‐up protocells struggle to recreate. We have shown that our coacervate protocells are permeable to most small molecules and can readily sequester negatively charged macromolecules into their interiors, thus allowing us to study the effects of their crowded microenvironments on enzyme activity. The rate of enzyme activity is highly system‐dependent, because different phase‐separated systems can variably partition not only enzymes, but also their substrates, intermediates, and products.[4a](#cbic201900195-bib-0004a){ref-type="ref"}, [23](#cbic201900195-bib-0023){ref-type="ref"} In addition, macromolecular crowding has been observed to have a variable effect on enzymatic activity, depending on the nature of the system.[2b](#cbic201900195-bib-0002b){ref-type="ref"}, [23](#cbic201900195-bib-0023){ref-type="ref"}, [24](#cbic201900195-bib-0024){ref-type="ref"} Therefore, it is crucial to investigate the effect of coacervate encapsulation on enzyme activity for this system, because this can have downstream effects on the application of the protocells.

Negatively charged proteins were shown to be readily taken up into the positively charged coacervate interior (Figure [1](#cbic201900195-fig-0001){ref-type="fig"}). To encourage the uptake of relatively neutral proteins, succinylation can be employed to increase the number of negatively charged surface residues.[25](#cbic201900195-bib-0025){ref-type="ref"} However, this strategy might not be applicable to all proteins, because this modification is known to affect protein oligomerization[26](#cbic201900195-bib-0026){ref-type="ref"} and to alter enzyme activity.[27](#cbic201900195-bib-0027){ref-type="ref"} Indeed, we have also observed this for several proteins, such as catalase, alcohol dehydrogenase, and esterase, with which either aggregation occurred, or key active‐site residues were modified, thereby destroying enzyme activity (data not shown).

Horseradish peroxidase (HRP, EC 1.11.1.7), however, was amenable to succinylation and, after this modification, was readily taken up into the positively charged coacervate interior (Figure S12).[13](#cbic201900195-bib-0013){ref-type="ref"} HRP was chosen here as a model enzyme because it has been extensively used to study the effects of molecular crowding.[24b](#cbic201900195-bib-0024b){ref-type="ref"}, [24e](#cbic201900195-bib-0024e){ref-type="ref"}, [28](#cbic201900195-bib-0028){ref-type="ref"} To study the effects of the coacervate microenvironment on enzymes, the activity of succinylated HRP encapsulated in the coacervate phase was compared with that of the same amount of protein in bulk solution (in the absence of coacervates). HRP consumes profluorescent substrate AR and hydrogen peroxide, to produce the fluorescent product resorufin (Figure [7](#cbic201900195-fig-0007){ref-type="fig"} A). The enzyme activity was studied over a range of substrate concentrations, to afford the Michaelis--Menten curve fits for both substrates (Figure [7](#cbic201900195-fig-0007){ref-type="fig"} B, C).

![A) HRP consumes H~2~O~2~ and AR to produce a fluorescent product, resorufin. B) The Michaelis--Menten curves for succinylated HRP (30 p[m]{.smallcaps} final concentration) in a bulk solution (black) or within coacervates (red) containing 250 μ[m]{.smallcaps} AR and varied concentrations of H~2~O~2~. C) The Michaelis--Menten curves for succinylated HRP (30 p[m]{.smallcaps} final concentration) in a bulk solution (black) or within coacervates (red) containing 250 μ[m]{.smallcaps} H~2~O~2~ and varied concentrations of AR. The kinetic constants derived from the Michaelis--Menten fits are given in Table [1](#cbic201900195-tbl-0001){ref-type="table"}. The error bars are standard deviations of the rates estimated from duplicates of at least two separate experiments.](CBIC-20-2643-g007){#cbic201900195-fig-0007}

The Michaelis--Menten reaction parameters revealed interesting enzymatic behavior inside the coacervates, in comparison with the free enzyme in solution. The *K* ~M~(H~2~O~2~) values were comparable for HRP inside and outside the coacervate. This suggests similar substrate binding capacity; this is unsurprising because H~2~O~2~ is a small substrate unlikely to be hindered within the coacervate environment. However, a threefold decrease in *V* ~max~(H~2~O~2~) was observed for HRP localized inside coacervates, in relation to HRP in bulk solution.

Similar decreases in *V* ~max~, but similar *K* ~M~ values, have also been observed for other enzyme kinetics occurring in crowded milieux,[24b](#cbic201900195-bib-0024b){ref-type="ref"}, [24c](#cbic201900195-bib-0024c){ref-type="ref"}, [29](#cbic201900195-bib-0029){ref-type="ref"} and have been attributed both to the coacervate--protein interactions and to the excluded volume effect hindering the movement of the enzyme active site. This delayed exploration of conformational space can hinder substrate binding, decreasing the maximum velocity of catalysis for the enzyme.

Similar decreases in *V* ~max~ were observed for samples of HRP within coacervates, in relation to those in bulk solutions, when AR concentrations were varied. However, the *K* ~M~(AR) for coacervate‐localized proteins is significantly higher, by about 57 %, than that for bulk proteins. This increase in *K* ~M~(AR) indicates that the substrate could be interacting with the coacervate interior, thus limiting its interaction with the HRP active site. AR interacting with the coacervate interior would be expected, because we have observed that the resorufin product---which shares many structural characteristics with AR---also readily localizes within the coacervate interior (Figure [3](#cbic201900195-fig-0003){ref-type="fig"}).

Similar differences in reaction parameters (increased *K* ~M~ and decreased *V* ~max~ values) were also observed for HRP when substrates interacted with increasing concentrations of crowding agents.[24b](#cbic201900195-bib-0024b){ref-type="ref"} These results confirm that this particular enzyme exhibits kinetic parameter changes that align with the effect of placing enzymes in crowded milieus, thus further demonstrating that our polymer‐stabilized coacervate protocells constitute an ideal platform for the study of enzyme kinetics in a tailorable, controlled, and open environment that resembles the cellular cytosol.

Conclusion {#cbic201900195-sec-0007}
==========

The condensed cores of our polymer‐stabilized coacervate protocells create a crowded environment in which the diffusivity of bio‐macromolecules is decreased so as to resemble that found in the cytosol of cells more closely than it does that seen in the semidilute conditions of many other protocells. This molecularly dense coacervate core is stabilized by a terpolymer that forms a homogeneous monolayered membrane, the semipermeable nature of which allows the exchange of small molecules of various net charges and of macromolecules with sufficient charge density. We have demonstrated that the loading of proteins into the coacervate phase can be controlled both by protein charge and by the composition of the coacervate phase, whereas the sequestration of a model enzyme does not abolish its activity. These experiments show that these coacervate protocells are highly interesting mimics of the crowding in the cellular cytosol, a facet that has remained relatively unexplored in the bottom‐up construction of protocells. The control over protein loading and the semipermeable nature of the membrane excellently position this system to expand the scope of biochemical reaction networks that can be studied in the crowded protocell interior.

Experimental Section {#cbic201900195-sec-0008}
====================

**Materials**: All chemicals were used as received unless otherwise stated. For the synthesis of terpolymer, poly(ethylene glycol) monomethyl ether 2 kDa was purchased from Rapp Polymere, and trimethylene carbonate (1,3‐dioxan‐2‐one) was purchased from TCI Europe. For the preparation of modified amylose derivatives, amylose (12--16 kDa) was supplied by Carbosynth and (3‐chloro‐2‐hydroxypropyl)trimethylammonium chloride (65 wt % in water) by TCI Europe. 10‐Acetylphenoxazine‐3,7‐diol was purchased from Sanbio. All other chemicals and reagents were supplied by Sigma--Aldrich.

**Methods**

**Terpolymer synthesis**: This block terpolymer was synthesized as described previously.[13](#cbic201900195-bib-0013){ref-type="ref"} Briefly, monomethoxy poly(ethylene glycol) monomethyl ether 2 kDa was used to initiate the ring‐opening polymerization of ϵ‐caprolactone and trimethylene carbonate. The terminal alcohol of this polymer was subsequently modified by Steglich esterification with Boc‐[l]{.smallcaps}‐Phe‐OH to yield a primary amine after TFA deprotection. The final poly([l]{.smallcaps}‐glutamic acid) block was introduced by the ring‐opening polymerization of *N*‐carboxyanhydride γ‐benzyl [l]{.smallcaps}‐glutamate followed by hydrogenolysis.

**Amylose modification**: Both the quaternized amylose (Q‐Am) and the carboxymethylated amylose (CM‐Am) were prepared in accordance with previously published procedures.[13](#cbic201900195-bib-0013){ref-type="ref"} Briefly, amylose was dissolved in aqueous NaOH. For Q‐Am, (3‐chloro‐2‐hydroxypropyl)trimethylammonium chloride solution (60 %, *w/v*, in water) was added dropwise to the stirring reaction mixture, which was subsequently left to react overnight at 35 °C. For CM‐Am, chloroacetic acid was added and the reaction mixture was left to stir for 2 h at 70 °C. Both were purified by precipitation into cold ethanol followed by extensive dialysis against ultrapure water before lyophilization.

**FRAP experiments**: Coacervate protocells were formed by mixing 300 μL of 1 mg mL^−1^ Q‐Am (*DS* ~Q~=2) and CM‐Am (*DS* ~CM~=1) in a 2:1 ratio (*v*/*v*), together with, variously, 4 kDa Dex‐FITC (1 mg mL^−1^), GFP(−30) (3.6 mg mL^−1^), or succinylated BSA‐Alexa488 (1 mg mL^−1^), with mixing at 1500 rpm in an Eppendorf shaker for 4.5 min, after which terpolymer (50 mg mL^−1^ in PEG350, 9 μL) was added for stabilization. For FRAP analysis, an aliquot (100 μL) of each sample was loaded in an eight‐well glass‐bottomed slide (Ibidi). The samples were analyzed with a Zeiss LSM510 META NLO instrument equipped with a C‐Apochromat, 63× 1.2 UV/VIS/IR water objective and a photomultiplier tube detector. For imaging, an argon laser set at 488 nm 25 % laser power was used, with pinhole set to 1 Airy Unit (110 μm). Transmission and detector gain were optimized for each different fluorophore to use the maximum amount of gray values of the detector. FRAP experiments were performed by use of the Zen 2009 software bleaching interface. Firstly, an image of 1024×1024 pixels with a pixel dwell time of 0.8 μs/pixel was obtained. A region of interest (ROI) of 7 μm in diameter was defined. The samples were measured three times pre bleaching, followed by bleaching with a Chameleon by Coherent two‐photon laser set at 810 nm, 50 % laser power for 10 iterations. Afterwards images were acquired every 5 s for a total of 33 images. Images were analyzed by using ImageJ to generate the recovery curves. The data were normalized as described by Jia et al.[4c](#cbic201900195-bib-0004c){ref-type="ref"} by using Equation [(1)](#cbic201900195-disp-0001){ref-type="disp-formula"}.$$F\left( t \right) = \frac{\left( \frac{Bl\left( t \right) - Bg\left( t \right)}{Ref\left( t \right) - Bg\left( t \right)} \right)}{\left( \frac{Bl\left( 0 \right) - Bg\left( 0 \right)}{Ref\left( 0 \right) - Bg\left( 0 \right)} \right)}$$

The data were fitted with a first‐order exponential equation \[Eq. [(2)](#cbic201900195-disp-0002){ref-type="disp-formula"}, in which *F*(*t*) is the normalized fluorescence at time point *t*, *A* is the amplitude of the recovery, and *C* represents the *y* intercept\].$$F\left( t \right) = A\left( 1 - e{}^{- t/r} \right) + C$$

As described by Poudayl et al.,[4d](#cbic201900195-bib-0004d){ref-type="ref"} the half‐life of the recovery was determined by using Equation [(3)](#cbic201900195-disp-0003){ref-type="disp-formula"}, which was used to calculate *D* ~app~ by using Equation [(4)](#cbic201900195-disp-0004){ref-type="disp-formula"}, in which *ω* is the radius of the ROI.$$t{}_{1/2} = \ln\, 2 \times \tau$$ $$D{}_{app} = \frac{0.88\,\omega{}^{2}}{4\, t{}_{1/2}}$$

**Determination of coacervate pH and buffer capacity**: The pH of the polymer‐rich coacervate phase was measured with a micro pH meter. To obtain sufficient volume of this phase to cover the pH electrode (ca. 50 μL), Q‐Am (10 mg mL^−1^, 2 mL, *DS* ~Q~=2) was mixed with CM‐Am (10 mg mL^−1^, 1 mL, *DS* ~CM~=1), followed by centrifugation of the suspension of coacervate droplets at 4000 *g* for 10 min. The buffer capacity of the system was determined by adding either NaOH (1 [m]{.smallcaps}, 1 μL) or HCl (1 [m]{.smallcaps}, 1 μL), vortexing briefly, and centrifuging again before measuring the pH of the polymer‐rich phase.

**Protein preparations**: A full description of recombinant GFP (Figures [1](#cbic201900195-fig-0001){ref-type="fig"}, [4](#cbic201900195-fig-0004){ref-type="fig"}, and [5](#cbic201900195-fig-0005){ref-type="fig"}) expression and purification is provided in the Supporting Information. The succinylated and fluorescently labeled BSA (Figures [4](#cbic201900195-fig-0004){ref-type="fig"} and [5](#cbic201900195-fig-0005){ref-type="fig"}) was synthesized by using a previously reported protocol.[13](#cbic201900195-bib-0013){ref-type="ref"} The succinylated HRP (Figure [7](#cbic201900195-fig-0007){ref-type="fig"}) was also made according to the same protocol[13](#cbic201900195-bib-0013){ref-type="ref"} and purified from excess succinic acid by extensive dialysis into PBS (pH 7.4).

**GFP partitioning inside coacervates**: All experiments were performed in × PBS \[pH 7.4, Na~2~HPO~4~ (10 m[m]{.smallcaps}), KH~2~PO~4~ (1.8 m[m]{.smallcaps}), NaCl (137 m[m]{.smallcaps}), KCl (2.7 m[m]{.smallcaps})\]. Q‐Am (*DS* ~Q~=0.80) was mixed with CM‐Am (*DS* ~CM~=0.85) to a final concentration of 0.33 mg mL^−1^ in 375 μL and shaken at 1500 rpm. Immediately after mixing, GFP (2 μL) was added to a final concentration of 100 n[m]{.smallcaps} and the sample was shaken for 5 min at room temperature. Dissolved terpolymer (50 mg mL^−1^ in DMSO, 7.5 μL) was gently added, and samples were shaken for another 30 s. Imaging was performed within 2 h after coacervate formation with a Zeiss LSM 510 Meta NLO by using a 63× water immersion objective and excitation at 488 nm, with emission recorded at 500--550 nm.

**Microtomy and transmission electron microscopy**: For TEM analysis of coacervates, coacervate suspension (same method as FRAP experiments, 300 μL) was spun down for 3 min at 2700 *g*, and the pellet was washed three times for 5 min in sodium cacodylate buffer (0.1 [m]{.smallcaps}, centrifugation for 3 min at 2700 *g* between washes). Subsequently, the sample was stained with osmium tetroxide (1 %, *w/v*) in cacodylate (0.1 [m]{.smallcaps}), CaCl~2~ (5 m[m]{.smallcaps}) buffer for 1 h and washed twice for 5 min with cacodylate (0.1 [m]{.smallcaps}), CaCl~2~ (5 m[m]{.smallcaps}) buffer. The sample was then washed twice with deionized water, filtered through a 0.22 μm filter (Milli‐Q water) for 5 min, and subsequently stained with uranyl acetate (2 %, *w/v*) in Milli‐Q water for 1 h. After the sample had been washed twice with Milli‐Q water for 5 min, it was dehydrated \[2×10 min acetone in Milli‐Q water (50 %, *v/v*), 2×10 min acetone (70 %), 2×10 min acetone (96 %), 3×10 min anhydrous acetone (100 %)\]. For infiltration, the sample was incubated with increasing concentrations of Epon resin in anhydrous acetone \[Epon resin in anhydrous acetone (30 %, *v/v*) for 2 h, Epon resin (50 %) for 16 h, Epon resin (70 %) for 8 h, Epon resin (100 %) for 16 h\] and subsequently incubated in freshly prepared Epon resin for 3 h before transfer to an embedding mold filled with freshly prepared Epon resin. After polymerization at 60 °C for 24 h, ultrathin sections (70 nm) were cut from the sample with a diamond knife and transferred to TEM grids (FCF‐200‐Cu, EMS). The samples were then studied with a FEI Tecnai 20 TEM (type Sphera, operated at 200 kV, equipped with a LaB~6~ filament and a FEI BM‐Ceta CCD camera).

**Light scattering analysis of terpolymer**: The gel permeation chromatography (with a PL gel 5 μm mixed D column and THF as an eluent)---multi‐angle light scattering (GPC‐MALS) experiments were performed with a Wyatt DAWN HELEOS II light scattering detector (MALS), which is operated with a 664.5 nm laser. Detectors were installed at the following angles: 12.9, 20.6, 29.6, 37.4, 44.8, 53.0, 61.1, 70.1, 80.1, 90.0, 99.9, 109.9, 120.1, 130.5, 149.1 and 157.8°. Prior to the measurements, SLS detectors were normalized with BSA. The processing and analysis of the data were performed with Astra 7.1.2 (random coil model).

**Small‐molecule partitioning**: All experiments were performed in PBS (1×, pH 7.4). Q‐Am (*DS* ~Q~=2, 133 μL, 5.0 mg mL^−1^ was mixed with CM‐Am (*DS* ~CM~=1, 66 μL, 5.0 mg mL^−1^) and shaken at 1500 rpm for 4 min at room temperature. Terpolymer (6 μL, 50 mg mL^−1^ in PEG350) was gently added, and samples were shaken for another 30 s. The coacervate solution was mixed with the appropriate fluorophore (20 μ[m]{.smallcaps}) and imaged over 30 min. Imaging was performed with a Zeiss LSM 510 Meta NLO and use of a 63× water immersion objective and the following laser and filter settings: *λ* ~ex~=488 nm, *λ* ~em~=500--550 nm (fluorescein); *λ* ~ex~=543 nm, *λ* ~em~=565--615 nm (rhodamine); *λ* ~ex~=458 nm, *λ* ~em~=500--530 nm (pyranine); multiphoton laser: *λ* ~ex~=725 nm, *λ* ~em~\<650 nm (NADH); *λ* ~ex~=633 nm, *λ* ~em~=650--710 nm (Methylene Blue); *λ* ~ex~=543 nm, *λ* ~ex~=650--710 nm (Crystal Violet). Partitioning into the coacervate was determined by calculating the ratio of fluorescence intensity inside and outside the coacervate phase.

**Macromolecule partitioning**: Coacervate protocells were formed by mixing Q‐Am/CM‐Am in a 2:1 ratio (1 mg mL^−1^, 300 μL) at 1500 rpm for 4.5 min, after which terpolymer (50 mg mL^−1^ in PEG350, 9 μL) was added for stabilization. Protocells were transferred into an eight‐well glass‐bottomed slide (Ibidi), followed by the addition of the labeled macromolecules (1 μL). Protocells were measured by confocal microscopy under the above conditions.

**Enzyme assays and derivation of kinetic parameters**: Succinylated HRP was synthesized and purified as previously described by using commercially available lyophilized protein (77 332 from Sigma).[13](#cbic201900195-bib-0013){ref-type="ref"} The protein concentration was determined by using the Nanodrop method with the heme absorbance at 403 nm and the extinction coefficient *ϵ* ~403~=91 000 [m]{.smallcaps} ^−1^ cm^−1^.[30](#cbic201900195-bib-0030){ref-type="ref"} For the bulk reaction samples, the protein was diluted in PBS (pH 7.4) prior to mixing with other assay reagents. For the coacervate samples, the succinylated protein was added to forming coacervates (Q‐Am/CM‐Am in a 2:1 ratio, 0.5 mg mL^−1^, 300 μL, with *DS* ~Q~=2 and *DS* ~CM~=1), and the samples were mixed at 1500 rpm for 4.5 min, after which terpolymer (50 mg mL^−1^ in PEG350, 10 μL) was added to stabilize the coacervate samples.

The enzymatic assays were performed in a total volume of 150 μL per reaction at 25 °C in PBS buffer, pH 7.4 (P3813 from Sigma). The substrates, H~2~O~2~ and AR, were both premixed in the wells to achieve the final total concentrations given in Figure [7](#cbic201900195-fig-0007){ref-type="fig"} B and C. To initiate the reaction, a protein sample (130 μL, either in bulk or in coacervates) was added to the wells to give 30 p[m]{.smallcaps} final concentration of enzyme (whether as free protein or as proteins encapsulated inside coacervates) in each reaction mixture. The reaction was monitored over 10 min through resorufin fluorescence (*λ* ~ex~=530 nm, *λ* ~em~=590 nm) with a Spark 10 M microplate reader (TECAN), and the fluorescence values were background‐subtracted. A standard curve of resorufin was used to determine the concentration of product from the fluorescence values. To obtain the Michaelis--Menten plots, the initial rate was determined by measuring the linear increase in resorufin production over the first minute, and this rate was plotted against substrate concentration. The error bars on the plot are the standard deviations between the rates of duplicates from at least two different experiments. The Michaelis--Menten curves were fitted by using Origin 2015 software, with the kinetic parameters from this fit indicated in Table [1](#cbic201900195-tbl-0001){ref-type="table"}.

###### 

Michaelis--Menten reaction parameters for succinylated HRP in bulk solution or localized inside the coacervate. Reactions were performed in PBS (pH 7.4) at 25 °C. The values and errors are derived from curve fitting performed by using Origin software.

  Location of    H~2~O~2~   Amplex Red              
  ------------- ---------- ------------ ----------- ---------
  bulk           58.1±9.5    9.9±0.4     63.2±4.4    9.3±0.2
  coacervates    42.2±8.1    3.1±0.1     99.2±14.8   3.8±0.2
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